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Hereditary	deficiency	of	the	protein	α-1	antitrypsin	(AAT)	causes	a	chronic	lung	disease	in	humans	that	is	
characterized	by	excessive	mobilization	of	neutrophils	into	the	lung.	However,	the	reason	for	the	increased	
neutrophil	burden	has	not	been	fully	elucidated.	In	this	study	we	have	demonstrated	using	human	neutrophils	
that	serum	AAT	coordinates	both	CXCR1-	and	soluble	immune	complex	(sIC)	receptor–mediated	chemotaxis	
by	divergent	pathways.	We	demonstrated	that	glycosylated	AAT	can	bind	to	IL-8	(a	ligand	for	CXCR1)	and	
that	AAT–IL-8	complex	formation	prevented	IL-8	interaction	with	CXCR1.	Second,	AAT	modulated	neutro-
phil	chemotaxis	in	response	to	sIC	by	controlling	membrane	expression	of	the	glycosylphosphatidylinositol-
anchored	(GPI-anchored)	Fc	receptor	FcγRIIIb.	This	process	was	mediated	through	inhibition	of	ADAM-17	
enzymatic	activity.	Neutrophils	isolated	from	clinically	stable	AAT-deficient	patients	were	characterized	by	low	
membrane	expression	of	FcγRIIIb	and	increased	chemotaxis	in	response	to	IL-8	and	sIC.	Treatment	of	AAT-
deficient	individuals	with	AAT	augmentation	therapy	resulted	in	increased	AAT	binding	to	IL-8,	increased	
AAT	binding	to	the	neutrophil	membrane,	decreased	FcγRIIIb	release	from	the	neutrophil	membrane,	and	
normalization	of	chemotaxis.	These	results	provide	new	insight	into	the	mechanism	underlying	the	effect	of	
AAT	augmentation	therapy	in	the	pulmonary	disease	associated	with	AAT	deficiency.

Introduction
α-1 Antitrypsin (AAT), a 52-kDa glycosylated protein primarily syn-
thesized in the liver, is the major physiological inhibitor of a range of 
serine proteases, and within the lung maintains a protease-antipro-
tease balance. Recent studies indicate that AAT also possesses anti-
inflammatory capabilities that extend beyond its antiprotease role, 
including regulation of CD14 expression (1), inhibition of TNF-α 
gene upregulation (2), and inhibition of lipopolysaccharide activa-
tion of human monocytes and neutrophil migration in vitro (3, 4). In 
addition, AAT has been shown to downregulate apoptosis (5) and to 
inhibit antiproteinase 3 antibody activation of neutrophils (6).

Studying the function of AAT is facilitated by the existence of 
an in vivo model, namely AAT deficiency (AATD). This hereditary 
condition provides us with the most definitive evidence for the 
physiological and clinical importance of AAT. AATD is a syndrome, 
the unifying features of which are a predisposition to emphysema, 
liver disease, and skin panniculitis. The liver disease associated with 
AATD involves a gain-of-function mutation (PiZZ) that results in 
accumulation of polymers of Z-AAT within rough endoplasmic 
reticulum, leading to activation of ER stress responses (7–9). Patho-
genesis of AATD-associated skin panniculitis is largely undefined, 
and most active research to date has focused on the pulmonary 
manifestations of the disease. In the past, the protease-antiprote-
ase imbalance theory was accepted as a reason for the pulmonary 
emphysema associated with AATD. Studies focused upon the role 

of proteases as a primary contributor to lung tissue damage (10, 11), 
and the protease-antiprotease hypothesis was consolidated further, 
as AAT augmentation therapy reversed the biochemical abnormali-
ties in lung fluid and impacted on proteolytic activity (12).

Evidence exists that the neutrophil is the main source of the pro-
teolytic burden within the AATD lung, and airway neutrophilic 
inflammation plays a major role in the pathogenesis of AATD-
associated emphysema. An increased lung neutrophil burden has 
been described even in AATD subjects with mild functional lung 
impairment (13) and also in asymptomatic nonsmoking hetero-
zygotes for the Z allele or intermediate deficiency (PiMZ) without 
airflow obstruction (14). However, the reason for the observed 
increased neutrophil burden has never been fully elucidated, and 
with the aim of clarifying the important role of AAT in chronic 
neutrophilic infiltration, we investigated whether dysregulated 
neutrophil chemotaxis is associated with changes in neutrophil 
properties of AATD individuals.

Our results show an inhibitory effect of AAT on neutrophil 
chemotaxis and illustrate that a low-AAT environment, such as that 
occurring in the circulation of ZZ-AATD individuals (3–7 μmol/l  
compared with normal plasma levels of 20–50 μmol/l), correlates 
with increased chemotactic responses of both CXCR1 and immune 
complex receptor (FcγRIIIb) signaling. We demonstrate that neu-
trophil chemotaxis is dependent on opposing gradient concentra-
tions of both IL-8 and AAT and that AAT–IL-8 complex forma-
tion inhibits CXCR1 engagement. We further show that AAT is 
associated with neutrophil membrane lipid rafts, interacting with 
the glycosylphosphatidylinositol-linked (GPI-linked) membrane 
protein FcγRIIIb. We demonstrate that AAT can control immune 
complex–mediated neutrophil chemotaxis by inhibiting ADAM-17  
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(TACE) activity and preventing the release of FcγRIIIb from the cell. 
This AAT-induced modulatory effect was also observed in vivo, in 
AATD individuals receiving augmentation therapy. After infusion, 
increased serum levels of AAT bound IL-8– and FcγRIIIb-express-
ing neutrophils and normalized AATD neutrophil chemotactic 
responses. This study provides a mechanism for the pathway by 
which AAT may mediate its antiinflammatory effect upon the cir-
culating neutrophil and expands our understanding of the role of 
AAT in health and disease.

Results
AAT activity regulates IL-8 and immune complex–induced neutrophil 
chemotaxis. The chemotactic index of ZZ neutrophils obtained from 
6 clinically stable AATD individuals was compared with that of 
control neutrophils (MM) from 6 healthy donors. Results revealed 
that in response to IL-8 (10 ng), ZZ neutrophils exhibited a 2- or 
8-fold increase in chemotactic activity when experiments were per-
formed in PBS or serum (50% v/v), respectively (Figure 1A). In addi-
tion, in response to IL-8 the chemotactic index of MM neutrophils 
suspended in PBS was superior to that of MM cells suspended in 
serum (P = 0.02). Moreover, the chemotactic index of ZZ neutro-
phils in response to soluble immune complex (sIC) (10% v/v) was 
25% lower than that of MM control cells when performed in PBS  
(P = 0.001), yet 3.6-fold higher when experiments were repeated in 
the presence of respective ZZ and MM sera (Figure 1B).

To investigate whether the increased chemotactic activity of ZZ 
neutrophils in response to IL-8 was a result of AATD, we explored the 
effect of exogenous AAT on neutrophil chemotaxis. As illustrated in 
Figure 1C, the chemotactic index of MM neutrophils in response to  
IL-8 (10 ng) was 6.05 ± 0.66. AAT inhibited MM neutrophil chemotaxis 
in a dose-dependent manner, with an IC50 of 0.5 μM. HSA (control 
plasma protein, 27.5 μM) did not affect neutrophil chemotaxis. 
At a higher concentration, AAT (6.9 μM) reduced the MM neutro-
phil chemotactic index produced by 10 ng or 20 ng IL-8 by 91.5%  
(P = 0.002) and 46.8% (P = 0.07), respectively (Figure 1D). Biologically 
relevant serum concentrations of AAT (27.5 μM) abolished neutrophil 
chemotaxis in response to 1 ng or 10 ng IL-8 and reduced the cellular 
chemotaxis index to 20 ng and 40 ng IL-8 by approximately 72% and 
52% (P = 0.009 and P = 0.09, respectively). To investigate the inhibitory 
effect of AAT on IL-8’s chemotactic activity (versus chemokinesis), we 
also used checkerboard analysis with serial dilutions of IL-8 above and 
below the filter. Neutrophil migration depended on the presence of an 
IL-8 gradient, implying that AAT inhibits directed cell migration rath-
er than chemokinesis (Supplemental Figure 1, A and B; supplemental 
material available online with this article; doi:10.1172/JCI41196DS1). 
The effect of exogenous AAT (0.4–27.5 μM) on the chemotactic index 
of MM neutrophils in response to sIC (10% v/v) was explored next. As 
illustrated in Figure 1E, AAT inhibited MM neutrophil chemotaxis in a 
dose-dependent manner, with an IC50 of 8.2 μM, while HSA (27.5 μM)  
had no effect on sIC-mediated chemotaxis.

Figure 1
Chemotactic analysis of neutrophils in response to AAT. (A) Increased mean chemotactic index of ZZ-AATD neutrophils (n = 6) compared with 
healthy control (MM) cells (n = 6) in response to IL-8 (10 ng/2 × 107 cells). Assays were preformed in PBS or serum (50% v/v) from respective ZZ 
or MM individuals. (B) Decreased mean chemotactic index of ZZ-AATD neutrophils (n = 6) in PBS in response to sIC (10% v/v), yet increased 
mean chemotactic index of ZZ-AATD neutrophils in serum (50% v/v) compared with healthy control cells (n = 6). (C) An increase in chemotactic 
inhibition efficiency of increasing concentration of AAT (0.2–27.5 μM). Black bar, positive IL-8 (10 ng) control; white bar, negative HSA (27.5 μM) 
control. *P < 0.05 versus IL-8 control. (D) Neutrophil chemotaxis in a linear gradient of IL-8 (1, 10, 20, or 40 ng) or complex gradient in the pres-
ence of inhibitory AAT (27.5, 6.9, 0.9, 0.2 μM) (*P < 0.05 compared with AAT-untreated cells). (E) Increased chemotactic inhibition efficiency of 
increasing concentrations of AAT (0.4–27.5 μM). Black bar, positive sIC (10% v/v) control; white bar, negative HSA (27.5 μM) control. *P < 0.05 
versus sIC control. Experiments illustrated in A–E were performed in triplicate on 3 consecutive days, and for comparative analysis the PBS 
control was set at a chemotactic index of 1. Each measurement is the mean ± SEM.
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To understand (a) how AAT inhibited both IL-8 and sIC medi-
ated MM neutrophil chemotaxis, (b) why ZZ cells demonstrated 
an increased chemotactic response to IL-8, and (c) why ZZ neutro-
phils illustrated conflicting chemotactic responses to sIC in PBS 
and serum was the goal of subsequent experiments.

AAT is localized to the neutrophil membrane. To establish how AAT 
impacted on neutrophil chemotaxis, it was necessary to pinpoint its 
location within the cell. By subcellular fractionation of neutrophils, 
AAT was defined as a component of the cell membrane (Figure 2A). 
Successful separation of plasma membranes from secretory vesicles 
was validated by Western blotting for HLA class I and HSA, and 
83% ± 1.5% of AAT was localized within the plasma membrane frac-

tion (Figure 2B). Confocal laser scanning microscopy was employed 
to confirm localization of AAT to the membrane and showed 
bright foci of anti-AAT labeling in the membrane region of isolated 
cells (Figure 2C). In addition, AAT was found in association with 
detergent-free low-density sucrose fractions (15% w/w) containing 
membrane lipid rafts (Figure 2D). A similar distribution of flotil-
lin-1 was observed, and treatment with the cholesterol-sequestering 
agent methyl-β-cyclodextrin (MβCD) diminished AAT and reduced 
the level of flotillin-1 in the low-density sucrose fractions. 2D elec-
trophoresis of isolated MM neutrophil membranes (Supplemental 
Figure 2A) and purified membrane lipid rafts (Figure 2E) revealed 
4 isoforms of AAT of similar molecular mass (~52 kDa). By employ-

Figure 2
Localization of AAT in peripheral blood neutrophils. (A) Coomassie blue–stained gel of normal MM neutrophils subjected to subcellular fraction-
ation yielding a cytosol fraction (lane 1), combined secretory vesicle/plasma membrane fraction (lane 2), and primary and secondary granule 
fraction (lanes 3 and 4, respectively). Western blotting employed antibodies to MPO and PR3 as markers of primary granules and antibodies 
against p22phox of cytochrome b558 as a marker of secondary granules and combined secretory vesicle/membrane fractions. AAT was localized 
to the secretory vesicle/membrane fraction at the interface between the 17.5/35% (w/w) sucrose. (B) By Percoll gradient fractionation, approxi-
mately 83% of AAT was localized to the plasma membrane (PM) compared with secretory vesicles (SV). As controls, HLA served as a marker 
of PM and HSA as a marker of SV. (C) By confocal microscopy, the distribution of AAT in non-permeabilized MM neutrophils was predominantly 
localized to the membrane margin of the cell. Cell nuclei are stained red. Scale bar: 10 μm. (D) Detection of AAT and flotillin-1 in the low-density 
lipid raft fractions (15% w/w sucrose) of human MM neutrophil lysates: untreated (−) or treated with MβCD (10 mM) (+). Immunoblots were probed 
with polyclonal anti-AAT and monoclonal anti–flotillin-1. (E) Coomassie blue–stained 2D SDS-PAGE gel of isolated MM neutrophil membrane 
lipid rafts (top panel). A Western blot probed with polyclonal anti-AAT revealed 4 associated AAT isoforms (lower panel). (F) Flow cytometry 
analysis of membrane-bound AAT in isolated resting MM (green) and ZZ-AATD (red) neutrophils. The level of AAT was found to be significantly 
higher on resting MM neutrophils. The isotype control antibody is illustrated in black (filled). Experiments in A, D, and E are each representative 
gels and blots of 3 separate experiments. Results in B represent experiments performed in triplicate on 3 consecutive days, and each bar is the 
mean ± SEM. Confocal analysis in C and FACS analysis in F are one illustrative result from 3 independent experiments.
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ing FACS analysis of nonpermeabilized cells, we detected AAT on 
the plasma membrane of unstimulated resting MM healthy neutro-
phils (Figure 2F). In contrast, neutrophils isolated from ZZ-AATD 
individuals illustrated significantly lower levels of AAT (mean fluo-
rescence: control MM cells, 31.41; ZZ-AATD cells, 17.52; P = 0.001). 
Fractionation of ZZ neutrophil cytosol, membrane, and granule 
compartments localized Z-AAT to neutrophil membranes, with 
reduced levels (~50%) confirmed by Western blotting (Supplemen-
tal Figure 2B). Collectively, these findings support localization of 
AAT to the neutrophil membrane and reveal that ZZ-AATD cells 
express significantly lower levels of AAT.

Origin of membrane-associated AAT. To clarify whether AAT was being 
produced by the neutrophil, as has been described by others (15), or 
whether it was being absorbed from the serum, we compared the 
phenotype of MM and ZZ-AATD neutrophil membrane-associated 
AAT with that of a ZZ-AATD individual after liver transplantation. 
Figure 3A shows the different patterns of phenotypes frequently 
observed for serum of MM and ZZ-AATD individuals (16). The phe-
notype of the ZZ-AATD serum sample after liver transplantation 
was entirely MM, a result confirmed by the use of an ELISA specific 
for the ZZ protein (17, 18) (Figure 3B). In contrast, neutrophil mem-
branes of the ZZ-AATD liver transplant recipient contained detect-
able levels of Z-AAT protein (Figure 3B). Additionally, although 
these cells contained lower levels of membrane Z-AAT compared 
with a non-transplant patient, greater levels of total AAT (Z and M 
isoforms) were detected by ELISA (Figure 3C) and immunoblotting 
(Figure 3D), most likely due to absorption of MM AAT from the 
serum. Collectively, these experiments suggest that both serum- and 
neutrophil-derived AAT binds the cell membrane.

Proinflammatory cytokine exposure causes release of AAT within a protein 
complex. The effect of proinflammatory stimuli (IL-8 or TNF-α) on 
release/shedding of AAT from the neutrophil membrane was inves-
tigated. MM neutrophils were treated with TNF-α (10 ng), a known 
potent inducer of L-selectin (CD62-L) shedding (Figure 4A). After 
10 minutes of treatment, a significant decrease in cell surface AAT 
was detected by flow cytometry (mean fluorescence: control untreat-
ed cells, 20.7; TNF-α–treated cells, 10.28; P < 0.001) (Figure 4A).  
A corresponding increase in released AAT in the surrounding 
medium was detected by Western blot analysis, with a maximum 
increase in extracellular released AAT at 40 ng TNF-α and 20 ng IL-8  
(Figure 4B). To assess the kinetics of shedding, we treated neutro-
phils with 10 ng IL-8 or TNF-α and assessed extracellular released 
AAT at 2, 5, and 10 minutes. As depicted in Figure 4C, an immu-
noreactive band corresponding to released AAT was detected at 5 
and 10 minute after TNF-α treatment and at an earlier time point 
of 2 minutes in response to IL-8. Maximum release of AAT from 
neutrophil membranes exposed to either IL-8 or TNF-α occurred 
at 10 minutes (Supplemental Figure 3, A–D). ELISA was performed 
to quantify levels of released AAT, and at the 2- and 5-minute time 
points, neutrophils released 4.46 ± 1.13 and 5.25 ± 0.44 ng AAT 
per 1 × 107 neutrophils in response to IL-8 (10 ng) (Figure 4D). 
In contrast, and at the same time points, neutrophils released 
significantly lower levels of AAT in response to TNF-α treatment  
(P = 0.02 and P = 0.014 for 2 and 5 minutes, respectively). To investigate 
whether neutrophils synthesized AAT to substitute for membrane-
released AAT, we exposed cells to IL-8 (10 ng) and quantified levels 
of extracellular and membrane-associated AAT for up to 16 hours.  
Results revealed no increase in either membrane-associated or 

Figure 3
Serum- and neutrophil-derived AAT binds the neu-
trophil membrane. (A) Isoelectrofocusing patterns 
for ZZ, heterozygous MZ, or MM serum compared 
with serum of a ZZ-AATD individual after liver 
transplantation (ZZ+LT). The isoform numbers for 
the M and Z variants are indicated. The AAT pat-
tern of the ZZ+LT sample was of the M variant. (B) 
ELISA for detection of the Z-form of AAT in serum 
and neutrophil membranes. Results in arbitrary 
fluorescence units (FU) indicate positive detection 
of Z-AAT in serum and neutrophil membranes of a 
ZZ-AATD patient but only in neutrophil membranes 
after LT (P = 0.2 between ZZ and ZZ+LT neutrophil 
membranes). An ELISA for detection of total AAT 
(M and Z variants) (C) and Western blots probed 
with goat (Gt) polyclonal anti-AAT (D) revealed sig-
nificantly higher levels of total AAT on ZZ-AATD 
neutrophil membranes after liver transplantation 
(ZZ+LT) compared with a non-transplant ZZ-AATD 
patient (*P = 0.01, **P = 0.001). Results represent 
experiments performed in triplicate, and data in B 
and C are the mean ± SEM.
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newly released levels of AAT (Supplemental Figure 3E), suggesting 
that de novo protein synthesis of AAT did not occur.

Native gel electrophoresis was employed to examine potential 
conformational differences between serum purified AAT and IL-8– 
induced neutrophil-released AAT. Serum AAT migrated faster and 
ran as a predominant single band (Figure 4E, inset). In contrast, 
neutrophil-released AAT migrated differently from serum AAT, 

showing a smeared, retarded mobility suggestive of a significant 
degree of conformational heterogeneity and/or protein-protein 
complexation. For assessment of the complexed state of the AAT 
species present, neutrophil-released AAT was chromatographed by 
gel filtration on a Superose 6 column. Protein elution was moni-
tored by Western blot analysis, and as can be seen in Figure 4E, neu-
trophil AAT protein eluted at a position corresponding to a complex 

Figure 4
Release of biologically active AAT from TNF-α– or IL-8–treated MM neutrophils. (A) Membrane expression of L-selectin or AAT on neutrophils 
at baseline (green) or in response to TNF-α (red). (B) Western blot showing extracellular released AAT (52 kDa) following treatment with TNF-α 
or IL-8 in a dose- (B) and time-dependent manner (C). Serum AAT (52 kDa) was loaded as a positive antibody control, and untreated cells are 
in lanes labeled as control (Con). (D) Time course analysis of the release of AAT (*P < 0.05). (E) Gel filtration chromatography of neutrophil-
released AAT. The start material (St) was released AAT from IL-8–treated neutrophils (10 ng). Inset: Western blot analysis illustrating altered 
migration of purified serum AAT (arrow) compared with neutrophil-released AAT (arrowheads). By Western blot analysis, fraction 28 contained 
neutrophil-released AAT and chromatographed at a molecular mass of 100–110 kDa. Fractions 30–33 were run on separate gels. (F) Formation 
of AAT-protease complexes. Samples were immunoblotted employing a rabbit anti-human AAT antibody. Lanes 1 and 3 show serum purified 
AAT and AAT released from neutrophils, respectively. Lanes 2 and 4 illustrate serum and neutrophil-released AAT incubated with NE. FACS 
analysis illustrated in A is a representative result of 3 independent experiments. B, C, and F are each representative Western blots of 3 sepa-
rate experiments. Results in D represent experiments performed in triplicate. Each measurement is the mean ± SEM. FPLC analyses (E) were 
performed in triplicate on 2 consecutive days.
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molecular mass of approximately 100–110 kDa. To exclude the pos-
sibility that neutrophil-released AAT eluted at increased molecular 
mass due to a protease-inhibitor complex, we confirmed the affinity 
of neutrophil-released AAT for neutrophil elastase (Figure 4F).

AAT interacts with the neutrophil membrane via the GPI-anchored lipid 
raft membrane protein FcγRIIIb. AAT was immunoprecipitated from 
IL-8–induced neutrophil-shedded material by rabbit polyclonal 

anti-AAT and the immunoprecipitates resolved by denaturing and 
reducing SDS-PAGE. A Coomassie blue stained gel is illustrated 
in Figure 5A, and a putative 45- to 50-kDa AAT binding partner 
was identified by LC-MS/MS as FcγRIIIb (CD16b). FcγRIIIb is a 
GPI-linked low-affinity IgG receptor, and to exclude the possi-
bility of experimental binding artefact, we performed reciprocal 
immunoprecipitation of FcγRIIIb and subsequent identification 

Figure 5
AAT binds FcγRIIIb on the neutrophil membrane. (A) Immunoprecipitate (IP) employing rabbit (Rb) antibody to AAT. The AAT binding partner 
(labeled 1) was identified as FcγRIIIb (40–60 kDa). (B) Reciprocal immunoprecipitate with FcγRIIIb goat (Gt) antibody. Coimmunoprecipitated 
proteins were identified as FcγRIIIb (labeled 1; accession number AA128563) and as AAT (labeled 2; accession number CAJ15161). (C) West-
ern blots of immunoprecipitate reactions were performed with goat antibody against AAT (top panel) and mouse (Mo) antibody against FcγRIIIb 
(bottom panel). Serum purified AAT and recombinant human (Rh) FcγRIIIb are included as positive controls. (D) Binding of Rh FcγRIIIb or Rh 
FcγRIIa to AAT (*P = 0.02 compared with control containing no FcγRIIIb). (E) FcγRIIIb-AAT complex in serum of CF (n = 4) individuals was sig-
nificantly higher than that of normal MM (Con; n = 6) or AATD (n = 6) subjects (*P < 0.05, CF versus control or ZZ). (F) Colocalization (merged 
image in yellow) of rhodamine labeling for AAT and FITC for FcγRIIIb, at the membrane margin of cells (×64 magnification, ×4 zoom). (G) NaCl 
and PI-PLC treatment of neutrophil membranes. Immunoblots included untreated membranes (Con) and antibodies against p22phox. (H) Flow 
cytometry analysis of membrane-bound FcγRIIIb (mean fluorescence: MM, 41.93; ZZ, 15.44). The isotype control antibody is in black (filled). (I) 
Levels of FcγRIIIb in serum of ZZ-AATD individuals and MM controls (Con) (*P = 0.01). In A–C and G, images are representative results from 1 
of 3 separate experiments. Lanes in A and C were run on the same gel but were noncontiguous. D, E, H, and I represent results performed in 
triplicate. Images in F are representative results of 2 independent experiments.
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of AAT by LC-MS/MS (Figure 5B). This finding was further sup-
ported by the presence of FcγRIIIb and AAT on Western blots of 
an immunoprecipitation for AAT (Figure 5C, top panel) and for 
FcγRIIIb, respectively (Figure 5C, lower panel). By expanding the gel 
filtration result illustrated in Figure 4E by Western blot analysis for 

FcγRIIIb, we observed the coelution of AAT and FcγRIIIb in fraction 
28 (Supplemental Figure 4A). Moreover, native gel electrophoresis 
and Western blot analysis of fraction 28 supported the possibility 
of an AAT-FcγRIIIb interaction, while excluding formation of AAT 
polymers or neutrophil elastase (NE) and PR3 as possible binding 

Figure 6
AAT prevents neutrophil chemotaxis in response to sIC through inhibition of ADAM-17 activity. (A) Western blots showing time course of sIC-
induced release of FcγRIIIb from MM neutrophils with or without TAPI-1 (10 mM). (B) Quantification of FcγRIIIb release from MM neutrophils 
treated with sIC (10% v/v) with or without AAT (27.5 mM) (*P < 0.05). Inset: Western blot illustrating FcγRIIIb release at the 10-minute time 
point. (C) Competitive inhibition of ADAM-17 by AAT. (D) The effect of oxidation (Ox), polymerization (Poly), or the cleaved AAT peptide (C-36 
fragment) on TACE inhibition (percent inhibition of maximum activity) was compared with native AAT. *P < 0.05, native AAT or TAPI-1 versus 
maximal activity; §P = 0.008, polymerized AAT versus native AAT (27.5 mM). (E) Binding of ADAM-17 (250 ng) to immobilized AAT detected in 
the presence or absence of equimolar concentration of polymerized, C-36 fragment, or native AAT (*P = 0.005). Levels of membrane-bound AAT 
(F) and FcγRIIIb (G) on isolated resting control MM (green) and ZZ-AATD neutrophils before (red) and 2 days after augmentation therapy (blue). 
(H) The mean chemotactic index of ZZ-AATD neutrophils (black bars) toward sIC (10% v/v) in serum (50% v/v) was significantly reduced on day 
2 when compared with day 0 and with day 7 after augmentation therapy. For comparative analysis, MM neutrophils treated with sIC (white bar) 
were set at a chemotactic index of 1. Immunoblots in A and B are representative results from 1 of 3 separate experiments. B–E and H are the 
mean ± SEM of triplicate experiments. F and G are representative results from 1 of 3 separate experiments.
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Figure 7
AAT binds IL-8 and modulates neutrophil chemotaxis by controlling CXCR1 binding. (A) Binding of IL-8 (10 ng) to immobilized CXCR1 was 
inhibited in the presence of AAT (27.5 mM) (*P = 0.002). (B) Comparative binding of IL-8 to AAT and HSA. AAT (27.5 mM) bound approxi-
mately 20 ng IL-8. (C) Comparative binding of IL-8 to serum purified AAT and recombinant non-glycosylated (Rec non-glycos) AAT (*P = 
0.001). (D) Expression levels of phospho-Akt Ser473 after IL-8 (1 ng/1 × 107 cells) treatment. Wortmannin (Wort, 100 nM) and AAT (27.5 mM), 
but not HSA, inhibited Akt activity efficiently (*P < 0.05 versus IL-8 control). (E) AAT (27.5 mM) significantly inhibited phosphorylation of Akt 
induced by 10 ng and 20 ng IL-8 (*P < 0.05 versus IL-8 control). (F) Time course of changes in Ca2+ intensity in response to IL-8 (10 ng) with 
or without AAT (27.5 mM). (G) AAT suppression of IL-8–induced actin cytoskeletal rearrangements. Immunoblot with anti-actin antibody for 
the distribution of G-actin (in the supernatant fraction [S]) and F-actin (in the pellet fraction [P]) in untreated or AAT-treated (27.5 mM) cells 
(top panel). Lower panel: IL-8–treated (10 ng) MM neutrophils with or without AAT or control Wort (100 nM). Distribution ratios are shown. (H) 
Confocal images of neutrophils (MM) undergoing chemotaxis in response to IL-8 (10 ng). F-actin at the leading edge of neutrophils (arrows) 
was not apparent in resting cells (Un) or cells treated with IL-8 plus AAT (27.5 mM) (×40 magnification, ×10 zoom). (I) IL-8–induced (10 ng) 
mean chemotactic index of ZZ-AATD neutrophils (black bars) on day 2 after therapy compared with day 0 and with day 7 after augmentation 
therapy. All experiments were performed in triplicate on 3 consecutive days, and each measurement is the mean ± SEM. Images in D-H are 
representative results of 1 of 3 separate experiments.
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partners within this complex (Supplemental Figure 4B). The expo-
sure of AAT-coated surfaces to FcγRIIIb revealed that FcγRIIIb bound 
to AAT in a concentration-dependent manner but not to a second 
non-GPI-linked IgG receptor, FcγRIIa (Figure 5D). In addition, 
an ELISA utilizing mouse capture antibody to FcγRIIIb and goat 
detection antibody for AAT quantified significant levels of cell-free 
serum FcγRIIIb-AAT complex in serum of CF patients (Figure 5E).  
Reciprocal ELISA utilizing goat capture antibody to AAT and 
mouse detection antibody for FcγRIIIb quantified considerably 
higher levels of AAT-FcγRIIIb complex in CF serum, compared with 
MM and ZZ-AATD serum (Supplemental Figure 4C). Since AAT 
and FcγRIIIb coimmunoprecipitated, it also appeared logical that 
AAT and FcγRIIIb would colocalize on the neutrophil membrane. 
Analysis by confocal microscopy indicated that, as expected, AAT 
(red) and FcγRIIIb (green) stained the plasma membrane (ring-like 
staining at the edge of the cells) (Figure 5F), and superimposition 
of the two images clearly identified colocalization (yellow) of the 
two signals. We next tested the hypothesis that enzymatic cleavage 
of the GPI-anchored FcγRIIIb with phosphatidylinositol-specific 
phospholipase C (PI-PLC) would also displace the associated AAT 
binding partner (Figure 5G). Western blot analysis of PI-PLC–treat-
ed (1 U/1 × 106 cells) neutrophil membranes resulted in release of 
AAT and FcγRIIIb, but not p22phox, a control non-GPI membrane 
component. Further treatment of membranes with NaCl (350 mM) 
caused release of AAT but not FcγRIIIb (Figure 5G). In addition, 
in comparison to MM donors, neutrophils of ZZ-AATD patients 
showed a significant decrease in the level of FcγRIIIb protein  
(Figure 5H and Supplemental Figure 4D). The observation that 
levels of FcγRIIIb were significantly elevated in serum of ZZ-AATD 
patients compared with normal MM controls (P = 0.01) (Figure 5I) 
contrasts results illustrating similar levels of FcγRIIIb-AAT complex 
(Figure 5E), possibly indicating that a proportion of FcγRIIIb in 
ZZ-AATD serum is AAT unbound. Collectively, these experiments 
further suggest FcγRIIIb as a binding partner that is necessary for 
AAT membrane presentation and suggest that AAT may function-
ally impact on maintaining FcγRIIIb membrane expression.

AAT regulates release of FcγRIIIb by inhibiting metal-
loprotease ADAM-17 activity. Evidence exists that 
neutrophil chemotaxis requires activity of surface 
sheddases, including ADAM-17, which has been 
implicated in the shedding of FcγRIIIb (19), a prereq-
uisite for neutrophil chemotaxis (20–23). This was 
confirmed when cells were exposed to sIC (10% v/v)  
and the extracellular supernatants analyzed by 
Western blot for the presence of released FcγRIIIb 
(Figure 6A). Release of FcγRIIIb was observed at 5 
and 10 minutes after exposure, an effect greatly 
reduced by the specific ADAM-17 inhibitor TAPI-1  
(10 μM) (24). To investigate the possibility that 
AAT regulated sIC-induced chemotaxis by modu-
lating shedding of FcγRIIIb, we exposed cells to sIC 
(10% v/v) in the presence or absence of AAT and 
monitored the kinetics of FcγRIIIb shedding by 
immunoblotting. As illustrated in Figure 6B, AAT 
inhibited the release of FcγRIIIb elicited by sIC at 
5 and 10 minutes by 58% ± 1.2% and 69% ± 5.9%,  
respectively (P < 0.05). The ability of AAT to directly 
inhibit ADAM-17 activity was analyzed fluoromet-
rically, and the results indicated that AAT inhib-
ited ADAM-17 enzymatic activity with a Ki value 

of 5.7 μM (Figure 6C). In addition, an equimolar concentration of 
AAT competitively inhibited ADAM-17, with an association rate 
constant of 2.23 × 104 ± 0.37 × 104 M–1s–1, although this may under-
estimate the physiological inhibitory capacity, as AAT is one of the 
most abundant proteins in the circulation. As polymerization and 
oxidation have previously been shown to alter enzymatic activity of 
AAT against NE, we tested whether an intact reactive center loop 
was also essential for inhibiting ADAM-17 activity. As illustrated 
in Figure 6D, a loss of anti–ADAM-17 activity was observed fol-
lowing oxidation of AAT with N-chlorosuccinimide, heat-induced 
polymerization, or by the AAT cleavage product C-36. Addition-
ally, results revealed a significant 68% reduction in ADAM-17  
activity in the presence of 27.5 μM AAT (P = 0.001), a value compara-
ble to inhibition of ADAM-17 activity by TAPI-1 (10 μM) (Figure 6D).  
Moreover, the exposure of AAT-coated surfaces to ADAM-17 
(250 ng) together with native AAT (250 ng) reduced the level of 
detectable bound ADAM-17 by approximately 36% (P = 0.005),  
a competitive effect not observed with either polymerized AAT or 
the C-36 cleaved fragment of AAT (Figure 6E). From these experi-
ments, we conclude that neither polymers nor the C-terminal frag-
ment of AAT can inhibit binding of native AAT to ADAM-17.

We next explored the effect of intravenous augmentation ther-
apy on FcγRIIIb expression in vivo. Two days after treatment, 
ZZ-AATD (n = 4) patients possessed serum AAT concentrations 
slightly elevated above MM control serum levels (30.51 ± 1.9 μM 
and 24.8 ± 0.68 μM AAT, respectively) (Supplemental Figure 5) 
but also significantly greater than on day 0 (pretreatment) (6.3 μM  
AAT, P < 0.0001) and 7 days after treatment (13.72 μM AAT,  
P < 0.0001). Results revealed that infused AAT bound to circulat-
ing neutrophils (Figure 6F), as a significant increase in the level of 
membrane-bound AAT was detected on day 2 after therapy (mean 
fluorescence, 43) compared with day 0 (mean fluorescence, 17.23;  
P < 0.001). In addition, downregulation of FcγRIIIb was observed on 
ZZ compared with MM control cells before therapy (FcγRIIIb mean 
fluorescence: ZZ-AATD day 0, 16.94; control MM, 29.35; P < 0.001)  
(Figure 6G). However, on day 2 after treatment, an increase in the 

Figure 8
AAT regulates neutrophil chemotaxis through two different mechanisms. (A) In response 
to IL-8, cell activation is accompanied by Akt phosphorylation and Ca2+ flux, leading to 
F-actin formation and cytoskeletal rearrangements. In vivo, the resting circulating MM 
neutrophil is surrounded by a high concentration of AAT (27.5 μM). AAT binds IL-8 and 
modulates CXCR1 engagement. (B) In response to sIC (i), ADAM-17 activity is increased 
(ii), causing shedding of the FcγRIIIb from the membrane (iii). Possible signaling mecha-
nisms involve crosslinking with CR3, CD32a, or the fMLP receptor (iv) and migration of 
cells to the site of inflammation. AAT modulates chemotaxis by inhibiting ADAM-17 activ-
ity, resulting in diminished release of FcγRIIIb from the neutrophil membrane.
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level of FcγRIIIb-expressing ZZ neutrophils was observed, compa-
rable to that in MM controls and significantly greater than on day 0  
(FcγRIIIb mean fluorescence: ZZ-AATD day 2, 30.41; P < 0.001). A 
chemotaxis assay toward sIC (10% v/v) in the presence of respective 
ZZ and MM sera revealed that ZZ neutrophils on day 2 after aug-
mentation therapy had a chemotactic index similar to that of the 
MM neutrophils and which was significantly reduced compared 
with day 0 and with day 7 after treatment (P = 0.001 and P = 0.03,  
respectively) (Figure 6H).

Collectively, these experiments provide evidence for the mecha-
nism by which native AAT modulates neutrophil chemotaxis in 
response to sIC and illustrate the ability of AAT to bind the circu-
lating neutrophil in vivo and prevent release of FcγRIIIb from the 
neutrophil membrane, via inhibitory activity against ADAM-17.

AAT regulates IL-8–induced chemotaxis by modulating interaction with 
CXCR1. To understand the possible mechanism by which AAT 
inhibits IL-8–induced chemotaxis, we first explored the ability 
of AAT to modulate ligand binding to CXCR1. The exposure of 
CXCR1-coated surfaces to IL-8 in the presence or absence of AAT 
(27.5 μM) revealed that AAT blocked the ability of IL-8 (10 ng) to 
engage with CXCR1 (Figure 7A). This result implied direct binding 
of AAT to IL-8, and as IL-8 interacts with glycosaminoglycans with 
high affinity (24–26), we hypothesized that binding of IL-8 to gly-
cosylated AAT may modulate IL-8–induced chemotaxis. To chal-
lenge this hypothesis, we exposed surfaces coated with AAT at a 
concentration of 27.5 μM to increasing concentrations of IL-8, and 
the plateau level of maximum binding observed was approximate-
ly 20 ng IL-8/cm2 (Figure 7B). In contrast, binding of IL-8 to HSA 
(control protein) remained linear. The importance of glycosylated 
moieties of AAT for successful IL-8 binding was confirmed, as non-
glycosylated recombinant AAT produced in E. coli failed to bind 
IL-8 (Figure 7C). The impact of IL-8 binding to AAT or HSA on its 
ability to stimulate Akt Ser473 phosphorylation, a key step in IL-8– 
mediated neutrophil chemotaxis (27), was explored. Figure 7D  
shows that IL-8 (1 ng) stimulated adequate Akt phosphorylation 
after just 10 minutes and that this effect was unaffected by pre-
binding of IL-8 to HSA (27.5 μM). In contrast, pre-binding of IL-8 
to AAT (27.5 μM) inhibited IL-8–mediated Akt Ser473 phosphor-
ylation to the level observed after the inclusion of the phosphati-
dylinositol 3-kinase inhibitor wortmannin. Additionally, binding 
of IL-8 to AAT (27.5 μM) significantly reduced IL-8 neutrophil 
Akt phosphorylation in response to both 10 and 20 ng IL-8 by 
approximately 81% and 62%, respectively (P < 0.05) (Figure 7E). 
Conversely, however, AAT had no effect on Akt Ser473 phosphor-
ylation stimulated by 40 ng IL-8, illustrating that the described 
inhibitory effect can be overcome. In addition, an increase in cyto-
plasmic Ca2+ (calcium flux) is central to the transduction of neu-
trophil response to IL-8 (28), and changes in average Fluo-4 NW 
emission in IL-8–stimulated (10 ng) cells was measured over the 
course of 2 minutes (Figure 7F). IL-8 caused a robust increase in 
intracellular calcium that reached a peak after 50 seconds, and in 
comparison the level of intracellular calcium release in the pres-
ence of AAT was greatly diminished.

Remodeling of the actin cytoskeleton is a prerequisite for the 
chemotactic process, and to analyze the effect of AAT on the redis-
tribution of F- versus G-actin after IL-8 exposure, we employed a bio-
chemical assay to analyze in situ F-actin levels. While AAT (27.5 μM)  
on its own had no effect, IL-8 (10 ng) induced a substantial change 
in the ratio of G-actin (supernatant fraction) versus F-actin (pellet 
fraction) (Figure 7G). The presence of AAT or wortmannin (100 nM) 

as a control suppressed IL-8–induced F-actin formation. Since coro-
nin is an F-actin–interacting protein solubilized upon neutrophil 
stimulation (29), we analyzed whether AAT could impact on the sol-
ubilization of coronin-1 in response to IL-8. As illustrated in Supple-
mental Figure 6, AAT (27.5 μM) significantly reduced the level of sol-
uble coronin-1 by 40% (P = 0.01). In addition, polarization of F-actin  
to the leading edge during neutrophil chemotaxis was greatly 
diminished in the presence of a physiological concentration of AAT 
(Figure 7H). Confocal microscopy images illustrated that resting 
neutrophils had punctuate F-actin staining intensity similar to that 
of cells treated with IL-8 in the presence of AAT, indicative of sites of 
contact between cell and substratum (30), rather than polarization. 
Results also revealed that in response to IL-8 (10 ng), in the pres-
ence of respective ZZ and MM sera, ZZ neutrophils on day 2 after 
augmentation therapy showed a chemotactic index that was similar 
to the MM controls and was also significantly reduced compared 
with ZZ neutrophils on day 0 and on day 7 after treatment (P = 0.02 
and P = 0.003, respectively) (Figure 7I). Taken together, these data 
suggest that glycosylated AAT–IL-8 complex formation determines 
CXCR1 engagement, and in this process AAT functions as a negative 
regulator of cell chemotaxis.

Discussion
In patients with AATD, the development of emphysema is believed 
to be caused by the unchecked action of proteases on lung tissue. 
However, this long-standing dogma on the sole function of AAT as 
an anti-serine protease has been questioned in the last several years, 
with a number of antiinflammatory roles being described for AAT 
(1–3, 5). Studies have shown that native AAT may modulate immune 
cell function of neutrophils (4, 6, 31), monocytes (1, 3, 32), and T cells 
(33), and the results of this study are analogous to data demonstrat-
ing the inhibitory effect of AAT on fMLP-induced neutrophil migra-
tion in vitro (4). Moreover, this study elucidates what we believe to be 
a novel role for AAT and has uncovered the ability of AAT to inhibit 
chemotactic response of both CXCR1 and FcγRIIIb receptor signal-
ing by divergent mechanisms. The first involves AAT–IL-8 complex 
formation consequently inhibiting IL-8–CXCR1 interaction, and the 
second concerns the ability of AAT to control sIC-induced neutro-
phil chemotaxis by modulating ADAM-17 activity, thus impeding 
FcγRIIIb release from the cell membrane (Figure 8).

AAT has been shown to reduce neutrophil infiltration into kid-
neys during ischemia/reperfusion (34), and this essential inhibitory 
effect of AAT on circulating neutrophils prompted us to investigate 
the chemotactic response of AATD neutrophils donated by clini-
cally stable ZZ-AATD patients compared with normal MM control 
cells. The findings of enhanced IL-8–induced chemotaxis are in 
keeping with a pivotal role for AAT in modulation of cell activity. 
In support of this theory, increasing concentrations of AAT exhib-
ited significant inhibition of neutrophil migration toward IL-8. 
The observed reduction in chemotaxis by AAT was, however, allevi-
ated by increasing the concentration of chemoattractant, suggest-
ing that this inhibitory effect may be overcome in the presence 
of sufficient chemokine. In agreement with the results of others 
(35), we found that fMLP alone only poorly activated the NADPH 
oxidase of isolated MM neutrophils, and pronounced oxidase 
activity was only noted after TNF-α priming (Supplemental Fig-
ure 7), thus confirming the isolation of unprimed cells within this 
study. Isolation procedures used to obtain purified neutrophils 
and priming agents such as GM-CSF and TNF-α can enhance 
neutrophil activity, leading to an increased respiratory burst and 
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elevated levels of superoxide production (36). This may explain the 
variance between our findings and a previous study that reported 
comparable activity between control and ZZ-AATD neutrophils 
(37), a disparity possibly arising due to the use of an alternate cell 
purification protocol and the successful isolation of nonprimed 
cells within our study.

Our results suggest a sensing mechanism in cells that has not to 
our knowledge been previously described, and experiments demon-
strate that neutrophils can migrate down a functional gradient of 
AAT in response to an increasing gradient of IL-8. The interaction of 
inflammatory molecules with glycosaminoglycans has been hypoth-
esized to provide a mechanism for establishing chemokine gradients 
in order to provide directional signals for migrating cells (38). Most 
chemokines, including IL-8, interact with glycosaminoglycans via 
charge complementation (26), as they are basic proteins, while gly-
cosaminoglycans are acidic polymers. Moreover, it has previously 
been shown that IL-8 binds heparan sulfate and that this interac-
tion facilitates binding of the cytokine to its specific receptor, thus 
prolonging IL-8 activity (39). CXCR1 is specific for IL-8 (40, 41), and 
within this study we have found that IL-8 interacts with glycosylated 
AAT, but rather than facilitating IL-8 activity, physiological concen-
trations of AAT inhibit CXCR1 engagement of up to 20 ng of IL-8, 
thereby preventing downstream signaling events including Akt phos-
phorylation, calcium flux, and chemoattractant-induced cytoskel-
etal rearrangements. This antiinflammatory effect is not exclusive 
to AAT, as it has also been reported that the plasma glycoprotease 
inhibitor α-2 macroglobulin creates a complex with IL-8, resulting 
in reduced neutrophil infiltration into the lungs compared with IL-8  
controls (42). AAT and α-2 macroglobulin are acute-phase reactants, 
and as both proteins show a rise in mean value after infection, it is 
tempting to speculate that the increased levels of both serum pro-
teins function to dampen down the inflammatory response after 
infection by binding and inactivating IL-8 activity. With regard to 
AATD, this AAT gradient is grossly disrupted, impacting on both 
interstitium and lung concentrations of AAT and the potential for 
neutrophil-mediated interstitial emphysema in AATD (43). In addi-
tion, the inability of E. coli–derived nonglycosylated AAT to bind 
and modulate the activity of IL-8 is of clinical importance. Indeed, 
while aerosolized nonglycosylated AAT may boost the natural anti-
protease within the AATD lung (44), the results of the present study 
suggest added beneficial therapeutic effects of infused glycosylated 
AAT. The major outcome of augmentation therapy is a rise in blood 
AAT to levels usually referred to as being at the “protective” thresh-
old. Studies have demonstrated that infusions of AAT are safe and 
can reverse the biochemical abnormalities in serum and lung fluid 
(12). In addition, there have been some recent studies on the clini-
cal efficacy of AAT augmentation therapy beyond these biochemical 
considerations (45–48), although the way in which AAT confers these 
clinical benefits is not fully known. The present study illustrates that 
AAT augmentation therapy impacts on the circulating neutrophil 
and demonstrates that infused AAT fulfills an antiinflammatory role 
in vivo by modulating neutrophil chemotaxis.

This investigation elucidates a hitherto undescribed localiza-
tion of neutrophil-associated AAT. AAT has previously been local-
ized within primary granules containing neutrophil elastase and 
proteinase 3 (PR3) (15, 49); however, there remained a paradox as 
to why an enzyme and cognate inhibitor would simultaneously 
compartmentalize, potentially impeding protease-dependent 
antimicrobial activity. Our study reports the finding that both 
neutrophil-derived and serum-absorbed AAT bind the circulating 

neutrophil and that approximately 80% of cellular AAT is localized 
to the plasma membrane within lipid rafts and to a lesser extent 
within secretory vesicles. Further experiments employing confocal 
fluorescence microscopy and flow cytometry confirmed that AAT 
in resting MM neutrophils is bound to the outer membrane of the 
cell. Slight heterogeneity in molecular mass of membrane-associ-
ated isoforms of AAT was revealed by 2D electrophoresis, possibly 
relating to the described variable composition of sialic acids on 
various glycosylation sites (50). In addition, low circulating serum 
levels of AAT correlated with a concomitant reduction in the AAT 
membrane protein composition of ZZ-AATD neutrophils.

Rather than secretion of AAT from internal stores following full 
cell activation with combined cytochalasin B and fMLP stimuli 
(49), flow-cytometric analysis clearly showed that the inflammatory 
mediators IL-8 and TNF-α, in a concentration-dependent manner, 
induced the release of membrane-associated AAT by neutrophils. 
Gel filtration chromatography and immunoprecipitation analysis 
revealed that AAT was released from the cell membrane in a protein 
complex with its membrane-binding partner FcγRIIIb. In addition, 
released AAT was capable of forming irreversible complexes with 
purified NE. This last result is important, as it specifically shows 
that degranulation of primary granules did not occur during IL-8 
treatment and also that AAT did not interact with the neutrophil 
membrane via NE, PR3, or cathepsin G, which have previously 
been proposed to bind hydrophobic or low-affinity proteoglycan 
moieties of neutrophil membranes (51). FcγRIIIb (40–60 kDa)  
is expressed by neutrophils and basophils (52) and is unique in 
that it is the only Fc receptor linked to the plasma membrane by 
a GPI anchor. In line with our results for AAT, FcγRIIIb has also 
been found associated with membrane lipid rafts (53), and in our 
study confocal laser microscopy showed membrane colocalization 
of AAT and FcγRIIIb in intact cells. Of note, a substantial amount 
of AAT was removed from the MM neutrophil membrane follow-
ing treatment with either PI-PLC or NaCl, indicating that AAT 
interacts electrostatically with this GPI-linked low-affinity IgG 
receptor. Of relevance, within this study we found that low mem-
brane-associated AAT correlated with a significant reduction in the 
FcγRIIIb membrane protein composition of ZZ-AATD neutrophils, 
most likely due to ADAM-17 activity. This latter result may explain 
the observed reduced ZZ-AATD cell chemotaxis in response to 
sIC when assays were performed in PBS, as the importance of nor-
mal FcγRIIIb expression for sIC-mediated neutrophil recruitment 
has been previously shown (20). In vivo, however, signaling and 
chemotaxis through FcγRIIIb has been shown to occur by shed-
ding of this mobile receptor and co-capping via lectin-saccharide 
binding or cross-linking of FcγRIIIb with CR3, CD32a (54), or the 
fMLP receptor (21). For this reason, reduced chemotactic capacity 
of ZZ-AATD neutrophils suspended in PBS in response to sIC in 
vitro does not reflect in vivo conditions. To more closely imitate 
in vivo conditions, we evaluated the chemotactic index of MM and 
ZZ-AATD neutrophils toward sIC in the presence of respective 
MM and ZZ sera. The mean chemotactic index value of ZZ-AATD 
neutrophils was found to be significantly higher than that of MM 
control cells. When AATD serum with sIC was employed, soluble 
FcγRIIIb re-bound the ZZ-AATD neutrophil membrane (Supple-
mental Figure 8), initiating a signaling cascade leading to increased 
chemotaxis. sIC does not bind AAT and AAT does not inhibit bind-
ing of sIC to the cell surface (our unpublished observations), sug-
gesting that AAT inhibition of ADAM-17 enzymatic activity is cen-
tral to its inhibitory effect on neutrophil chemotaxis to sIC.
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Shedding of FcγRIIIb from the neutrophil membrane (55) is 
involved in immune complex–stimulated neutrophil recruitment 
in vivo (20). Both metalloproteases and serine proteases have been 
implicated in the cleavage of FcγRIIIb (56), but the most likely can-
didates are members of the ADAM family of metalloproteases (57). 
Evidence exists that neutrophil chemotaxis requires surface shed-
dase activity, and ADAM-17 has been implicated in the shedding 
of FcγRIIIb (58). Our results indicate that the anti-chemotaxis 
effects of AAT in response to sIC may be mediated by inhibition 
of ADAM-17, resulting in decreased shedding of FcγRIIIb. In sup-
port of this theory, neutrophils isolated from ZZ-AATD individu-
als before augmentation therapy possessed low levels of mem-
brane-associated FcγRIIIb, and results after augmentation therapy 
showed that newly produced FcγRIIIb-expressing cells contained 
an optimal concentration of bound AAT. Inhibition of ADAM-17 
activity by serine-protease inhibitors (tosyl-l-lysine chloromethyl 
ketone) has previously been recognized (59) and further confirmed 
by this study. Native AAT, but not oxidized or polymerized AAT, 
inhibited ADAM-17 activity, indicating that an intact serpin-reac-
tive center loop was required for the AAT–ADAM-17 inhibition. 
In addition, neither polymerized AAT nor the C-36 cleaved frag-
ment of AAT could inhibit the AAT–ADAM-17 binding event. 
Such broad-spectrum activity of AAT is supported by its ability to 
abrogate cysteine–aspartic acid protease activity (5). In addition, 
AAT illustrates acute antiinflammatory effects similar to that of 
the metalloprotease inhibitor RS113456 (60). In support of our 
results, AAT has been shown to reduce neutrophil infiltration into 
lung tissue after intratracheal silica administration and after ciga-
rette smoke–induced emphysema (61). Furthermore, the ability of 
AAT to inhibit ADAM-17 activity has been postulated in studies 
investigating shedding of TNF-α from islet cells (62).

In summary, our study has found that AAT modulates the 
chemotactic response of CXCR1 signaling by binding IL-8 and 
inhibiting receptor engagement. Additionally, AAT modulates 
neutrophil chemotaxis in response to sIC by inhibiting ADAM-17 
activity, thereby decreasing release of FcγRIIIb from the neutrophil 
membrane. After augmentation therapy in ZZ-AATD individuals, 
increased serum levels of AAT function to bind IL-8– and FcγRIIIb-
expressing neutrophils, thereby inhibiting ADAM-17, and in turn 
normalizing excessive AATD neutrophil chemotactic responses. 
Consequently, this study delineates a key antiinflammatory role 
for AAT in neutrophil chemotaxis and supports the possibility of 
additional benefits of AAT augmentation therapy in AATD.

Methods
Chemicals and reagents. All chemicals and reagents were of the highest 
purity and endotoxin free and were purchased from Sigma-Aldrich unless 
otherwise indicated.

Patient groups. Control volunteers (n = 6, mean age 32.14 ± 1.86) showed 
no evidence of any disease and had no respiratory symptoms; none were on 
medication, and all had MM phenotype, with serum AAT concentrations 
within the normal range (25–50 μM).

Asymptomatic ZZ-AATD individuals, not receiving augmentation 
therapy, were recruited from the Irish Alpha One Antitrypsin Deficiency 
Registry (n = 6, mean age 39.6 ± 7.07). Patients were clinically stable, with 
no evidence of exacerbations in the previous 6 months. Forced expiratory 
volume in 1 second (FEV1) was 97.6% ± 14.08% predicted.

ZZ-AATD patients (n = 4, mean age 56.5 ± 2.65, FEV1 52.25% ± 8.27% 
predicted) on augmentation therapy were receiving plasma-purified AAT 
from CSL Behring (Zemaira), given intravenously at a dosage of 60 mg/kg  

body weight weekly. In the 4 weeks prior to obtaining blood samples, 
all patients were exacerbation free. One patient with ZZ-AATD who had 
undergone an uncomplicated liver transplantation 30 months prior to 
sampling was recruited (age 46.6 years, FEV1 56% predicted).

Serum samples were collected from CF patients (n = 4) who presented for 
treatment of acute exacerbation of the disease. Full informed patient consent 
was obtained for all procedures, and ethical approval for the use of blood 
samples was obtained from the Beaumont Hospital Ethics Review Board.

Preparation of human neutrophils and functional assays. Neutrophils were iso-
lated as previously described (63) and resuspended in PBS or respective serum 
(50% v/v) (2.5 × 105 cells/200 μl). Chemotaxis assays were performed by mea-
suring the percentage of neutrophils migrating toward optimal concentra-
tions of IL-8 (1–40 ng) (R&D Systems) or sICs (10% v/v) (64) in the presence 
or absence of AAT (0.2–27.5 μM; Athens Research & Technology), TAPI-1 
(10 μM), or HAS (27.5 μM) by employing a multiwell chemotaxis chamber 
(Neuro Probe Inc.), and data were presented as chemotactic index as previ-
ously described (65). For comparative analysis, the PBS control or MM neu-
trophils treated with IL-8 were set at a chemotactic index of 1, as indicated.

Checkerboard analysis was performed to differentiate chemotactic 
from chemokinesis activity as previously described (66). NADPH oxi-
dase activity as measured by superoxide (O2

–) production was quantified 
by O2

– dismutase–inhibitable reduction of cytochrome c at 550 nm (63). 
Intracellular calcium levels were quantified using the Fluo-4 NW calcium 
kit (Invitrogen) according to the manufacturer’s instructions.

1D and 2D gel electrophoresis and Western blot analyses. Samples were sub-
jected to 1D SDS-PAGE under denaturing conditions and to native gel 
electrophoresis in a NativePAGE Novex Bis-Tris gel system (Invitrogen) fol-
lowing the manufacturer’s instructions. 2D isoelectric focusing (IEF) was 
performed with 100 μg of protein loaded onto 7-cm IPG strips (GE Biosci-
ences) using the IPGphor focusing system (GE Biosciences), and for the 
second dimension samples were electrophoresed on 10% SDS-PAGE gels.

After electrophoresis, gels were stained with Coomassie blue R250 for visu-
alization of proteins, or alternatively proteins were transferred onto 0.2-μm 
nitrocellulose or PVDF membrane by Western blotting. Blots were incubated 
with 1.0 μg/ml polyclonal rabbit or goat anti-AAT specific antibody (Abcam) 
or 0.2 μg/ml polyclonal rabbit anti-myeloperoxidase (anti-MPO) antibody 
(Abcam), polyclonal rabbit anti-p22phox, polyclonal rabbit anti-flotillin, or 
polyclonal goat or monoclonal anti-FcγRIIIb specific antibody (R&D Sys-
tems). Additional primary antibodies included 1.0 μg/ml monoclonal anti-
actin antibody (Millipore), polyclonal rabbit anti-PR3, anti-HSA, anti–HLA 
class I, and anti–coronin-1 (Santa Cruz Biotechnology Inc.). Determination 
of Akt phosphorylation by Western blot analysis was as previously described 
(67). The secondary antibodies were HRP-linked anti-rabbit, -goat, or -mouse 
IgG (Cell Signaling Technology). Immunoreactive protein bands were visu-
alized by employing SuperSignal West Pico Chemiluminescent Substrate 
(Pierce) after exposure to Kodak X-Omat LS Film. Controls for Western blot-
ting included recombinant human (Rh) FcγRIIIb (R&D Systems) or serum 
purified AAT. A Sebia isoelectrofocusing kit was employed for AAT pheno-
typing with the HYDRASYS system as previously described (16).

Culturing and subcellular fractionation of neutrophils. Isolated MM or ZZ neu-
trophils were lysed and fractionated (63) and neutrophil secretory vesicles 
and membranes further purified as previously described (68). HSA and HLA 
class I, respectively, were employed as markers of secretory vesicles and plas-
ma membranes, as previously described (69). Membrane lipid raft fractions 
were isolated (70) in the presence and absence of 10 mM MβCD. Quantifi-
cation of F- and G-actin was carried out as previously described (71).

To investigate whether neutrophils synthesized AAT to substitute for 
membrane-released AAT, neutrophils (2 × 107/ml) were cultured in RPMI 
supplemented with penicillin (100 U/ml) and streptomycin (100 μg/ml) 
and treated with IL-8 (10 ng, 10 minutes, 37°C with 5% CO2). An aliquot 
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(300 μl) was removed, and the cells were pelleted by centrifugation (500 g, 
5 minutes at 4°C). The supernatant was collected and the cell pellet pro-
cessed for isolation of membranes. The remaining cells were incubated for 
a further 4 and 16 hours (37°C with 5% CO2) in fresh medium with super-
natants and cell membranes collected at each time point (69). Western blot 
analysis was carried out to quantify membrane and released levels of AAT.

Confocal immunofluorescence. Isolated cells were fixed with 4% (w/v) 
paraformaldehyde, and after blocking, cells were incubated with 1 μg/ml 
FITC-labeled goat anti-AAT (Abcam) and mounted employing Vectashield 
mounting medium with DAPI for nuclear staining (Vectashield Lab). For 
colocalization of AAT with FcγRIIIb, 1 μg/ml rabbit polyclonal anti-AAT 
was employed, followed by rhodamine-labeled goat secondary antibody 
(Abcam) and 1 μg/ml of a mouse anti-FcγRIIIb, followed by a FITC-
labeled bovine secondary antibody (Santa Cruz Biotechnology Inc.). All 
immunofluorescence slides were viewed and images acquired using a Zeiss 
LSM710 confocal immunofluorescence microscope. The controls for this 
experiment included cells alone, nonspecific isotype control IgG, a control 
stain to prove cells were non-permeabilized (mouse anti-actin; Santa Cruz 
Biotechnology Inc.), and cells exposed only to secondary antibody.

In additional experiments, chemotactic neutrophils were produced as pre-
viously described (30). In brief, cells were resuspended in PBS on Polysine 
microscope slides (AGB Scientific Ltd.), after which they were incubated at 
25°C for 5 minutes and then at 37°C for 5 minutes. Cells were incubated in 
the presence or absence of IL-8 (10 ng) with or without AAT (27.5 μM) for 
10 minutes at 37°C. Cells were then fixed with 4 % (w/v) paraformaldehyde 
in PBS for 10 minutes, permeabilized with 0.2% (v/v) Triton X-100 in PBS 
for 10 minutes, and blocked for 1 hour with 3% (w/v) BSA in PBS. The for-
mation of F-actin at the leading edge of chemotactic cells was visualized 
with FITC-labeled phalloidin (50 μg/ml in PBS). Cells were stained for  
45 minutes and then washed in PBS to remove unbound label.

Flow cytometry. Relevant cells remained untreated or treated with sIC 
(10% v/v) in the presence or absence of respective serum (50% v/v), TNF-α,  
or IL-8 (10 ng/2 × 107 cells) for 10 minutes at 37°C. Neutrophils were 
fixed (4% w/v paraformaldehyde) and blocked (2% w/v BSA) for 1 hour 
and incubated with FITC-labeled goat polyclonal anti-AAT (1 μg/106 cells) 
(Abcam) or PE-conjugated mouse anti–L-selectin or mouse anti-FcγRIIIb, 
followed by a FITC-labeled bovine secondary antibody. Control samples 
were exposed to relevant nonspecific isotype control IgG or secondary 
labeled antibody alone and fluorescence determined by flow cytometry. 
A total of 10,000 events were collected. The data were analyzed using BD 
CellQuest Pro software.

Analysis of AAT release from the neutrophil membrane. Isolated neutrophils 
were treated with TNF-α, IL-8 (0, 1, 10, 20, or 40 ng/2 × 107 cells), or sIC  
(10% v/v) for 0, 2, 5, or 10 minutes at 3°C and for 20, 40, or 60 minutes with 
IL-8 (10 ng). Further experiments evaluating neutrophil shedding of AAT 
or FcγRIIIb included GM6001 (20 μM), TAPI-1 (10 μM), or exogenous AAT 
(27.5 μM). At each time point, cells were pelleted (500 g, 5 minutes, 4°C) and 
the supernatants analyzed for the presence of released AAT or FcγRIIIb.

Released AAT from neutrophils (1 × 108, approximately 550 μg of total 
protein) was also chromatographed by gel filtration using an ÄKTApuri-
fier 100 system (Amersham Biosciences) employing a Superose 6 column 
(10 × 300 mm) equilibrated in PBS at a flow rate of 0.4 ml/min. Ferritin 
(440 kDa), aldolase (158 kDa), and AAT (52 kDa) were used separately as 
molecular mass markers.

To biochemically evaluate the interaction of AAT with the neutrophil 
membrane, a purified membrane pellet was divided into 3 and either 
untreated, NaCl (350 mM) treated, or exposed to PI-PLC (2 units) for  
30 minutes at 37°C. Membranes were pelleted (22,000 g, 4°C, 30 minutes) 
and then resuspended in 2× SDS-PAGE sample buffer and Western blotted 
for AAT, FcγRIIIb, and p22phox.

Immunoprecipitation and protein identification using LC-MS/MS. Neutrophils 
were exposed to IL-8 (10 ng/ml) for 10 minutes, cells centrifuged (500 g, 
5 minutes, 4°C), and resulting supernatant analyzed for the presence of 
AAT and associated binding partners by immunoprecipitation as previously 
described (29). Immunoprecipitates were subjected to denaturing SDS-PAGE  
under nonreducing or reducing conditions in the presence of DTT (50 mM) 
and stained with Coomassie blue to visualize proteins intended for LC-MS/MS  
analysis. LC-MS/MS was performed on an Ultimate 3000 nanoLC system 
(Dionex), interfaced to an LTQ Orbitrap XL (Thermo Fisher Scientific). Pro-
tein bands were excised from the Coomassie-stained gel and destained with 
a solution containing 50% (v/v) methanol and 50 mM NH4HCO3. Samples 
were then dehydrated by the addition of 70% (v/v) acetonitrile (ACN) and 
rehydrated in a digestion buffer containing 40 mM NH4HCO3 and 12.5 ng/μl  
trypsin (Promega, sequencing grade) at 37°C overnight. Peptides were 
extracted with 50% (v/v) ACN/0.1% (v/v) formic acid (Fluka) dissolved in 
10 μl of 0.1% (v/v) formic acid. Sample (5 μl) was loaded onto a trapping 
column packed with C18 PepMAP100 (Dionex) at a flow rate of 20 μl/min 
in 0.1 % formic acid. After 5 minutes of washing, peptides were eluted into a 
C18 PepMAP100 nanocolumn (15 cm × 75 μm ID, 3-μm particles) (Dionex) 
at a flow rate of 350 nl/min. Peptides were separated using the mobile phase 
gradient: from 5% to 50% (v/v) of solvent B in 30 minutes, and from 50% 
to 90% (v/v) of solvent B in 5 minutes. Solvent A was 98:2 H2O/ACN (v/v) 
containing 0.1% (v/v) formic acid; solvent B was 2:98 H2O/ACN (v/v) con-
taining 0.1% (v/v) formic acid.

LC-MS/MS data were acquired in data-dependent acquisition (DDA) 
mode controlled by Xcalibur 2.0.7 software (Thermo Fisher Scientific). A 
typical DDA cycle consisted of an MS scan within m/z 300–2,000 performed 
under the target mass resolution of 60,000 (full width at half maximum), fol-
lowed by MS/MS fragmentation of the 6 most intense precursor ions under 
normalized collision energy of 35% in the linear trap. Database searches were 
performed using TurboSEQUEST software (Bioworks Browser version 3.3.1) 
(Thermo Fisher Scientific) using the human subset from the SWISSPROT 
database. The following filters were applied: for charge state 1, XCorr > 1.5; for 
charge state 2, XCorr > 2.0; for charge state 3, XCorr> 2.5.

Quantification of AAT and FcγRIIIb in membrane or serum samples. For detec-
tion of the Z-form of AAT, the Wieslab α1-antitrypsin deficiency test was 
employed (Euro-Diagnostica), following the manufacturer’s instructions as 
previously described (17, 18). Quantification of AAT on neutrophil mem-
branes by ELISA was performed as previously described (72). The FcγRIIIb 
ELISA kit (R&D Systems) was employed following the manufacturer’s 
instructions. For the detection of FcγRIIIb-AAT complex within serum 
samples of normal MM, ZZ-AATD, or CF patients, 5 μg/ml of mouse anti-
FcγRIIIb (R&D Systems) was used as a capture antibody and 50 ng/ml of 
polyclonal goat anti-AAT specific antibody (Abcam) as a detection anti-
body (73, 74), followed by an anti-goat IgG conjugated to HRP. Washing 
and blocking steps employed PBS Tween (0.05% [v/v]) and 1% (w/v) BSA, 
respectively. Reciprocal ELISA for AAT-FcγRIIIb employed goat capture 
antibody to AAT (5 μg/ml) and mouse detection antibody for FcγRIIIb  
(50 ng/ml). Controls included all reagents except capture, detection anti-
body, or biotinylated secondary antibody. In additional experiments, serum 
(5 μl) from MM or ZZ-AATD patients was applied to a radial immunodif-
fusion assay NOR-Partigen plate (Dade Behring) and AAT levels quantified 
according to the manufacturer’s reference values.

ADAM-17 activity assay. Purified AAT (0, 1, 2, 3, 5, 7, or 27.5 μM) was 
incubated with Rh ADAM-17 for 5 minutes at room temperature and 
ADAM-17 activity assayed using the fluorogenic peptide substrate  
MCAProLeuAlaGlnAlaValDPAArgSerSerSerArgNH according to the manu-
facturer’s instructions (R&D Systems). Experiments were repeated in the pres-
ence of oxidized AAT, polymerized AAT, or the C-36 fragment (amino acid 
sequence 358–396) of AAT (Saveen Werner). Oxidized AAT was prepared as 
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previously described (75). To prepare a polymer sample of monomeric (native) 
AAT, the native sample (1 mg/ml) was heated at 55°C for 16 hours as previ-
ously described (74). Studies have shown no major difference between poly-
mers of AAT generated by this method compared with ZZ-AAT (74, 76–79). 
GraphPad Prism version 4.03 was employed to calculate Ki values, with global 
curve fit performed finding the single best-fit estimate. Nonlinear regression 
analysis was employed to determine AAT and ADAM-17 association (Kass) and 
dissociation rate constant as previously described (80).

Protein binding assays. AAT-NE complexes were formed as previously 
described (81). Reactions were subjected to Western blot analysis for AAT 
(52 kDa) or AAT-NE complexes (80 kDa). The method employed for detec-
tion of binding of IL-8 to plasma purified AAT (27.5 μM), HSA (27.5 μM), 
recombinant nonglycosylated AAT (Prospec), or recombinant CXCR1 
(Abnova) and the method employed for detection of the AAT-FcγRIIIb 
were as previously described (26). For example, wells from Nunc 96-well 
microtiter plates were coated with 27.5 μM AAT in Voller’s buffer (15 mM 
Na2CO3 and 35 mM NaHCO3, pH 9.3) at 4°C overnight and exposed to Rh 
FcγRIIIb or FcγRIIa (R&D Systems) (0, 1, 5, or 10 μg) prepared in HEPES 
buffer (10 mM HEPES, pH 7.4, 150 mM NaCl, 3.4 mM EDTA, and 0.05% 
[v/v] Tween 20) for 1 hour at 37°C. Binding to AAT was determined by 
probing the wells with a monoclonal IgG antibody to either FcγRIIIb or 
FcγRIIa (R&D Systems), followed by HRP anti-mouse IgG in HEPES buffer 
and 1% (w/v) BSA. The plates were washed 3 times with HEPES buffer, per-
oxidase activity was measured by the addition of ABTS, and the absorbance 
was measured at 405 nm.

For detection of the AAT–ADAM-17 complex, AAT-coated plates were 
exposed to ADAM-17 (250 ng) for 1 hour at 37°C or ADAM-17 prein-
cubated with equimolar concentration of the C-36 peptide fragment, 
polymerized AAT, or native AAT for 30 minutes. Binding of ADAM-17  
was quantified using a monoclonal IgG antibody to ADAM-17 (Immunex 
Corp.), followed by monoclonal HRP–anti-mouse IgG. The controls for 
binding assays included the AAT-coated wells containing all reagents 

except primary and/or HRP secondary antibody and the AAT-coated 
wells incubated only with HRP conjugate.

Statistics. Results are expressed as mean ± SEM. The data were analyzed 
with GraphPad Prism version 4.03 for Windows (GraphPad Software). The 
Mann-Whitney U test or Kolmogorov-Smirnov 2-sample test was employed 
to identify significant differences. A P value less than 0.05 was deemed sig-
nificantly different.
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